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Significance

Microbial communities of 
ecological and clinical importance 
are commonly found in interface-
associated environments. The 
physical environment of interfaces 
may contribute to the 
development and behavior of 
surface-associated microbial 
communities. Here, we find that 
an actively expanding Bacillus 
subtilis colony grown at air–solid 
interface can spontaneously 
develop interface bulges; the 
bulging areas tend to enrich 
immotile cells via a diffusion-
trapping mechanism and thus 
have a higher propensity to transit 
into a biofilm state. Our findings 
demonstrate the important role of 
active interfacial mechanics in 
bacterial collective behavior, 
providing a unique approach for 
colony biofilm patterning and 
directed self-assembly.
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Microbial communities such as biofilms are commonly found at interfaces. However, 
it is unclear how the physical environment of interfaces may contribute to the devel-
opment and behavior of surface-associated microbial communities. Combining mul-
timode imaging, single-cell tracking, and numerical simulations, here, we found that 
activity-induced interface bulging promotes colony biofilm formation in Bacillus subtilis 
swarms presumably via segregation and enrichment of sessile cells in the bulging area. 
Specifically, the diffusivity of passive particles is ~50% lower inside the bulging area 
than elsewhere, which enables a diffusion-trapping mechanism for self-assembly and 
may account for the enrichment of sessile cells. We also uncovered a quasilinear rela-
tion between cell speed and surface-packing density that underlies the process of active 
interface bulging. Guided by the speed–density relation, we demonstrated reversible 
formation of liquid bulges by manipulating the speed and local density of cells with light. 
Over the course of development, the active bulges turned into striped biofilm structures, 
which eventually give rise to a large-scale ridge pattern. Our findings reveal a unique 
physical mechanism of biofilm formation at air–solid interface, which is pertinent to 
engineering living materials and directed self-assembly in active fluids.

biological active matter | bacterial swarm | biofilm | active Brownian particle model |  
self-assembly

Microbial communities of ecological and clinical importance are commonly found in 
interface-associated environments, such as biofilms (1, 2) and bacterial swarms (3, 4) on 
solid substrates, pellicles at liquid–air interface (5), and microbiomes thriving in the 
gastrological tract of animals (6). Mechanical forces at the interfaces are expected to play 
crucial roles in the surface-associated life of microbial communities (7–11). For instance, 
cell–substrate mechanical interaction drives biofilm morphogenesis and orientational 
ordering of cells (12, 13), while surface flows have been shown to promote the expansion 
(14–19) and material transport (20) within bacterial colonies. However, it remains largely 
unexplored how the physical environment of interfaces may contribute to more diverse 
processes involved in the development and behavior of surface-associated microbial 
communities.

Here, we focus on the transition between the motile and sessile state of bacterial com­
munities grown on solid substrates, a key step in the adaptation to environmental fluctu­
ations of bacterial communities (9, 21, 22). During the transition, cells switch their gene 
regulation program from expressing flagellar genes to one that expresses biofilm genes and 
deactivates flagellar motility (23, 24). The transition generally requires surface-sensing 
mediated by cell surface appendages (25–27) or envelope stress (28, 29) but can also be 
facilitated by purely physical mechanisms such as motility-induced phase separation 
(MIPS) and motility segregation (30, 31).

In this study, we find that an interfacial process denoted as “active interface bulging” 
promotes the transition from motile-to-sessile biofilm state of Bacillus subtilis communities 
at air–solid interface. During the process, an initially two-dimensional (2D) layer of 
swarming motile cells spontaneously develops scattered liquid bulges at the free-surface 
of swarm fluid film manifesting as regions where cells are highly motile and can pile on 
top of one another. The bulges have a higher propensity to transit into sessile colony 
biofilm state; using experiments and active Brownian particle simulations, we attribute 
this result to the enrichment of sessile cells toward the bulging area driven by a 
diffusion-trapping mechanism. We also found that a quasilinear relation between cell 
speed and surface-packing density underlies liquid bulge formation; this relation informs 
the control of active bulging process. Our findings illustrate the importance of interfacial 
mechanics to a comprehensive understanding of bacterial behavior and dynamics. The 
findings are also pertinent to biofilm patterning in engineered living materials (32–34) 
and directed self-assembly in active matter fluids (35–38).D
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Results

Liquid Bulges Spontaneously Emerge in Homogeneous B. subtilis 
Swarms. To study motile-to-sessile state transition in surface-
associated bacterial communities, we chose to work with bacterial 
swarms (3, 4). Bacterial swarming resembles the early stage of colony 
biofilm formation on solid substrates (21), during which bacterial 
colonies extract liquid from the surroundings to form a free-surface 
liquid film that covers the entire colony and supports flagellar motility 
(39, 40). B. subtilis is a model microorganism that displays robust 
swarming behavior (4). When B. subtilis swarms were grown on 
agar surface with intermediate wetness, we found that an initially 
homogeneous 2D monolayer of motile cells in B. subtilis (wild-type 
NCIB3610) swarms can spontaneously develop a temporally stable 
pattern of scattered domains (Fig. 1A, Methods, and Movie S1) with 
higher surface-packing density of cells (Fig. 1B and Methods); here, 
surface-packing density refers to the number of cells in the swarm 

sitting above unit area of agar surface. The boundaries of such domains 
are dynamic but well-defined in low magnification phase-contrast 
images (Fig. 1A) or in darkfield microscopy images (Fig. 1B). In 
contrast to cells moving in a strictly 2D manner (i.e., as a monolayer) 
outside these domains, cells inside the high-surface-density domains 
often overlap with each other (Movie S2), showing that the height 
of swarm fluid film in these domains is greater than that in the 
monolayered regions. Moreover, cells within the high-surface-density 
domains move freely with the mean speed and persistence time (i.e., 
the time during which a cell does not substantially change the moving 
direction; SI Appendix) only slightly lower (~7% for mean speed 
and ~9% for persistence time) than elsewhere (Fig. 1 C and D and 
Methods), which is different from the clustering domains formed in 
B. subtilis swarms via MIPS (30, 41) that consist largely of jammed 
cells. The similar mean speed and persistence time suggests that the 
volume density of cells is nearly homogeneous throughout the swarm 
fluid film. Therefore, the high-surface-density domains are in fact 
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Fig. 1.   Liquid bulges with higher surface-packing cell density emerge in B. subtilis swarms. (A) A representative large-field phase-contrast microscopy image 
(Methods) showing a pattern of scattered domains in the swarming colonies of B. subtilis. Dash lines indicate the boundaries of such domains. (B) A representative 
large-field darkfield microscopy image of the scattered-domain pattern similar to that shown in panel A (Methods). In darkfield microscopy, the brightness is 
positively correlated with surface-packing density of cells, thus brighter domains in the image have higher surface-packing cell density. Panels A and B were 
obtained by stitching overlapping images taken in a smaller field of view. (Scale bar in panels A and B, 500 μm.) (C) Motion pattern of cells inside and outside the 
high-surface-density domains (or liquid bulges) when stable liquid bulges were just formed. (Upper) Average speed ( −v  ) of cells that crossed the boundaries of 
the domains during the tacking period are shown as columns in dark blue (outside the domains; 69.8 ± 2.6 μm/s, mean ± SE, N = 4) and light blue (inside the 
domains; 64.5 ± 0.9 μm/s, mean ± SE, N = 4), respectively; average speed of cells that remained outside and inside the high-surface-density domains during the 
single-cell tracking period are shown as columns in dark red (68.5 ± 1.3 μm/s; mean ± SE, N = 5) and light red (63.8 ± 0.5 μm/s; mean ± SE, N = 5), respectively. 
Statistical analysis was performed using Welch's two-tailed t test: n.s., not significant; **P < 0.01; ***P < 0.001. Exact P values from Top to Bottom: 0.3697, 0.2257, 
0.0080, and 7.6 × 10−5. (Lower) Average probability density functions (PDFs) of the normalized speed of cells corresponding to the four scenarios in the Upper 
panel, following the same color coding as that of the columns in Upper panel. The speed was normalized by the mean speed of all cells in the corresponding 
scenario. (D) Velocity autocorrelation functions (VACFs) of cells that remained inside and outside the liquid bulges computed based on single-cell trajectories. 
Solid lines are exponential fits to the VACFs (blue: outside liquid bulges, VACFout ~ exp(−t/0.35), persistence time τout = 0.35 ± 0.01 s; red: inside liquid bulges, 
VACFin ~ exp(−t/0.31), persistence time τin = 0.31 ± 0.01 s). The diffusivity computed from VACF is ~20% lower inside bulges than outside (~980 μm2/s vs. ~770 
μm2/s) (Methods). Plotted in the inset are normalized fitted VACFs outside (blue) and inside (red) liquid bulges in semilogarithmic scale. Error bars represent the 
SD of N = 5 biological replicates.D
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bulges of the swarm fluid film at its free-surface, where more motile 
cells can be accommodated per unit surface area due to the greater 
fluid height. We noted that the wetness of agar surface is a key factor 
for producing the liquid bulges (SI Appendix, SI Methods).

To examine whether cells inside and outside the liquid bulges 
represent different subpopulations with intrinsic motility difference, 
we tracked the motion of cells near the bulge boundaries. We found 
that cells can freely cross the boundary (Movie S2); the same cell 
had a slightly lower mean speed inside bulges than outside the bulges 
(Fig. 1C, blue columns in the Upper), with magnitudes similar to 
those that had not crossed the boundaries during the period of 
tracking. In other words, when cells entered the liquid bulges, their 
speed decreased slightly and vice versa. Moreover, the probability 
density functions of normalized bacterial speed inside and outside 
liquid bulges are similar (Fig. 1 C, Lower). These results together 
show that the speed difference inside and outside liquid bulges is 
not due to the presence of subpopulations with intrinsic motility 
difference. One interpretation of this finding is that the local phys­
ical environment inside liquid bulges is different from outside.

Nonetheless, immotile cells with deactivated flagellar motility 
can naturally arise in a swarm due to cell–cell variability of motility 
(42, 43) or due to the genetic program of motile-to-sessile tran­
sition (23, 44–46), and a recent study suggests that immotile 
subpopulation nucleates stationary clusters in B. subtilis swarms 

(31). To examine whether immotile cells in the swarm contribute 
to liquid bulge formation, we chose a ΔsinI mutant of B. subtilis, 
which is incapable of differentiation into sessile cells and thus 
retains active flagellar motility (47, 48). We found a similar phe­
nomenon of liquid bulge formation in swarms of B. subtilis ΔsinI 
mutant (Movie S3), and cells inside and outside the liquid bulges 
displayed similar motion patterns compared to their counterparts 
in wild-type B. subtilis swarms (SI Appendix, Fig. S1). These results 
show that liquid bulge formation does not require an immotile 
subpopulation of cells in the swarm. Taken together, the liquid 
bulges we report here are different from those patterns of scattered 
domains found in bacterial colonies whose formation is driven by 
MIPS (30, 41) or by nucleation of immotile cells (31) (Discussion).

Liquid Bulges Have a Higher Propensity to Transit Into Biofilm 
State. Within ~20 to 30 min after the emergence of stable liquid 
bulges, the liquid bulges grew in size and passively slid along 
the colony expansion direction; meanwhile, nearby bulges along 
the colony expansion direction coalesced and fused into stripes 
(Fig. 2A and Movie S1). For wild-type swarms, cells outside the 
striped bulges remained highly motile, but the motility of cells 
inside the bulges gradually decreased (Fig. 2B). After ~2 to 3 h 
from the formation of striped liquid bulges, most cells in the 
bulges became immotile and cells appeared to have a chained-like 
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Fig. 2.   Transition of cells in bulges into biofilm state. (A) Phase-contrast microscopy image sequence showing the development of liquid bulges in a wild-type 
swarm. Striped liquid bulges are shown as patterns in between the dashed lines at the center of images along the horizontal direction with different contrast. 
(Scale bar, 300 μm.) In all other panels T = 0 min corresponds to the state shown in the Left image of panel A, i.e., shortly after stable liquid bulges had developed 
into striped patterns. (B) Temporal dynamics of average collective speed of cells inside (blue) and outside (red) liquid bulges in a wild-type swarm computed by 
optical flow analysis (Methods). Error bars represent SD of collective speed distributions in the two regions. The speed decrease inside bulges shown in Fig. 2B is 
due to progressive enrichment and proliferation of immotile cells in the bulges. (C) Temporal dynamics of the ratio between average single-cell PtapA-gfp reporter 
activity inside and outside liquid bulges. Error bars represent SD (N = 3). (D) Temporal dynamics of single-cell Phag-gfp reporter activity. (Upper) The ratio between 
average single-cell Phag-gfp reporter activity inside and outside liquid bulges plotted against time (indicated in the abscissa). Dash line is a least-squares linear 
fit with slope ~−0.0015 (R2 = 0.58). Error bars represent SD (N = 4). (Lower) Normalized spatial variation of the Phag-gfp reporter fluorescence inside (blue) and 
outside (red) bulges (Methods); data in each panel are from one representative experiment and the dynamics show variability across experiments. Solid lines 
in panels B–D serve as guides to the eye.D
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morphology characteristic of cells in B. subtilis biofilms (5) 
(Fig. 2 A, Right and Movie S4); intriguingly, a large-scale pattern 
of parallel ridges with high cell densities eventually emerged in 
between the striped biofilm structures, suggesting a unique route 
to biofilm maturation other than wrinkling (Discussion). By 
contrast, in swarms of the ΔsinI mutant, cells did not chain and 
remained highly motile everywhere as liquid bulges continued 
to merge with each other; eventually, liquid bulges covered the 
entire field of view (Movie S3), at which time the swarm became 
homogeneous again. These observations suggest that liquid bulges 
of wild-type swarms have a higher propensity than elsewhere to 
transit from motile-to-sessile or biofilm state. To examine this 
idea, we monitored the physiological state of wild-type cells inside 
and outside liquid bulges with four fluorescent reporters starting 
from the emergence of stable liquid bulges (Methods): PtapA-gfp 
and PepsA-gfp, genetically encoded fluorescent reporters for the 
gene expression level of tapA (encoding an anchor protein TapA 
for biofilm matrix component TasA) and of epsA (encoding the 
biofilm matrix component exopolysaccharide) (49–52), both of 
which have served as indicators of biofilm formation (53–56); Phag-
gfp, a genetically encoded fluorescent reporter for the expression 
level of hag gene (encoding flagellin protein) serving as an indicator 
of cell motility (42, 49); and the lipophilic dye FM4-64 that stains 
the cell membrane and indicates cell density (57). The fluorescence 
of FM4-64 allows us to perform density correction on the total 
fluorescence counts of the gene reporters, so that we can measure 
single-celled gene reporter activities in a manner insensitive to cell 
density variation (Methods).

We found that the ratio between single-cell PtapA-gfp reporter activ­
ities inside and outside liquid bulges gradually increased throughout 
the developmental process (Fig. 2C). Meanwhile, although single-cell 
PepsA-gfp reporter activity could not be monitored continuously over 
time due to the low fluorescence intensity of this reporter, we found 
that it was higher inside the bulges than outside at the later stage of 
bulge development (SI Appendix, Fig. S2). The consistency in the 
temporal dynamics of the activities of both biofilm matrix reporters 
shows that the liquid bulges have a higher propensity to transit into 
a colony biofilm state. On the other hand, the ratio between single-cell 
Phag-gfp reporter activities inside and outside liquid bulges showed no 
significant decrease throughout the developmental process (Fig. 2 D, 
Upper). This result is unexpected, because the expression levels of tapA 
and hag are supposed to be inversely correlated (49) and thus one 
would expect a substantial decrease in the ratio of Phag-gfp reporter 
activities. However, close inspection of the fluorescence images rev­
ealed that the striped liquid bulges displayed larger spatial variation 
of the Phag-gfp reporter fluorescence after ~80 min from their forma­
tion (Fig. 2 D, Lower), with randomly spaced cellular clusters of much 
higher Phag-gfp reporter fluorescence than elsewhere (SI Appendix, 
Fig. S3); the brighter fluorescence from these clusters masked the 
reduced Phag-gfp reporter activity of chained cells inside liquid bulges. 
Cellular clusters with high Phag-gfp reporter fluorescence likely arose 
from stochastic switching from chained to motile state (45, 46), and 
they appeared immobile because of jamming or entrapment in 
between the chained cells. Overall, the reporter results show that liquid 
bulges of wild-type swarms indeed are more prone to transiting into 
the biofilm state. Thus, the formation of liquid bulges represents an 
unrecognized biophysical mechanism that promotes biofilm forma­
tion at air–solid interface; it is distinct from mechanisms mediated by 
MIPS (30) or by nucleation of immotile cells (31).

Liquid Bulge Formation Depends on Cell Motility and Density. 
Next, we sought to understand how the liquid bulges form and 
why the bulges are more prone to biofilm transition. To address the 

first question, we followed the developmental process of the liquid 
bulges in B. subtilis swarms. We found that the formation of liquid 
bulges was preceded by the spontaneous nucleation of transient 
domains with high surface-packing density of cells with various 
sizes of ~10 to 60 μm and ~1 to 2 s lifetime (Movie S5). Within 
several minutes, the transient domains grew in size and gradually 
stabilized into liquid bulges with well-defined boundaries. The 
results indicate that the formation of liquid bulges is associated with 
transient increase in surface-packing density of cells due to motility-
driven density fluctuations in the swarm; such nonequilibrium 
density fluctuations require local free-energy input and are often 
seen in quasi-2D self-propelled particle systems at high densities 
(58–60).

To understand how cell motility and local cell density variation 
relate to the formation of liquid bulges, we manipulated cell motil­
ity in situ in the swarm; here, the nonchaining ΔsinI mutant was 
used in order to exclude the artifact in speed measurement brought 
by any pre-existing immotile cells. Violet light illumination (~406 
nm) was used to reversibly control cell speed because violet light 
generates reactive oxygen species that suppress flagellar motility 
(61) (Methods and SI Appendix, Fig. S4). When we illuminated a 
region with pre-existing liquid bulges (Fig. 3A and Movie S6), cell 
speed decreased from ~65 μm/s to ~22 μm/s under violet light 
illumination, and the local cell number density fluctuation ΔN/N 
(Methods) in the illuminated monolayered regions was decreased; 
meanwhile, the existing liquid bulge gradually dispersed. 
Withdrawal of violet light illumination allowed the recovery of cell 
speed up to ~45 μm/s as well as the recovery of cell density fluc­
tuation, while new liquid bulges emerged (Fig. 3A). The result 
shown in Fig. 3A demonstrated that the degree of local cell density 
fluctuation is strongly correlated with bulge formation.

A Negative Quasilinear Relation between Cell Speed and 
Surface-Packing Density Underlies Liquid Bulge Formation. In 
the experiment shown in Fig.  3A, the average surface-packing 
density of cells in the illuminated monolayered regions was 
increased by a magnitude of ~10% (SI Appendix, Fig. S5). This 
violet light-induced cell density increase is presumably due to 
reduced cellular flux out of the illuminated area during speed 
decrease, a phenomenon predicted in self-propelled particles (62) 
and observed in active bacterial suspensions (30, 37, 38, 63). The 
magnitude of violet light–induced cell density increase is close 
to the level of cell density fluctuations at normal speed (~10%; 
Fig. 3A), and it is significant compared to the maximal transient 
increase of local cell density (~20%) due to the fluctuations. Why 
wouldn’t the violet light–induced cell density increase compensate 
for the decreased level of local cell density fluctuation and thus 
prevent the dispersal of liquid bulges during cell speed reduction?

This question prompted us to investigate the detailed relation 
between cell motility and surface-packing density of cells inside 
and outside liquid bulges; for both monolayered regions and liquid 
bulges, surface-packing density is defined as the number of cells 
in the swarm sitting above unit area of agar surface. For this pur­
pose, we designed a multimode imaging system that integrates 
large-scale (~3 cm2) blue/violet light illumination (for speed 
reduction in the swarm), darkfield microscopy (for speed meas­
urement by optical flow analysis), and wide-field fluorescence 
microscopy (for surface-packing density measurement by counting 
the number of fluorescently labeled nonchaining cells) (Methods 
and SI Appendix, Fig. S6). Using this multimode imaging system, 
we found that the surface-packing density of cells showed a neg­
ative quasilinear relation with cell speed during bulge formation 
(Fig. 3B). Remarkably, the ratio between surface-packing densities 
(i.e., cell number per unit surface area but not per fluid volume) D
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inside and outside liquid bulges remained nearly constant at ~1.2 
regardless of the cell speed (Fig. 3 B and C).

To interpret the quasilinear speed–density relation, we note that 
liquid bulge formation increases interfacial energy of the swarm fluid 
film, which can be fueled by local increase of activity-induced pres­
sure (i.e., the force exerted on the fluid interface per unit area due 
to cell motility); see a scaling analysis in Methods. As the activity- 
induced pressure is dependent on both cell speed and surface-packing 
density, we reasoned that the speed–density relation measured in 
monolayered regions coexisting with liquid bulges (blue line in 

Fig. 3B) represents the cell speed (or cell density) threshold for bulge 
formation at a specific density (or speed); above the threshold, the 
local activity-induced pressure would be sufficiently high to support 
the formation of stable liquid bulges. According to this notion, either 
increasing cell speed or increasing cell density in a swarm monolayer 
could promote the formation of liquid bulges. Indeed, the experi­
ment in Fig. 3A corresponds to a case that the cell speed crossed this 
threshold to a lower level that does not support bulge formation 
(Fig. 3 D, Left panel; from red to green point), followed by a speed 
increase that crossed the threshold again and recovered bulge 
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Fig. 3.   Motility and density dependence of bulge formation in B. subtilis swarms. (A) Local cell density fluctuation is correlated with liquid bulge formation. 
Plotted here are temporal dynamics of collective cell speed outside bulges obtained by optical flow analysis on darkfield microscopy images ( v

out
  ; Upper), cell 

density fluctuation (ΔN/N, where ΔN and N are the SD and average of cell number, respectively; Middle), and area fraction of bulges (Lower); see Methods. Violet 
light was illuminated during the period shaded in purple color. (B) Relation between cell speed and surface-packing cell number density for monolayered regions 
(blue) and for the coexisting liquid bulges (red) (Methods). Collective cell speed measured in the monolayered regions ( v

out
 ; Methods) was used in the abscissa. 

Lines are least-squares linear fits to the data (R2 = 0.94 for blue line and 0.85 for red line). Data presented here was from three biological replicates. (C) Relation 
between surface-packing cell density inside ( �

in
 ) and outside ( �

out
 ) bulges. Solid line is least-squares linear fit with �

in
= 1.18 �

out
 (R2 = 0.83). Data presented here 

was from three biological replicates. (D) Phase trajectories in the plane of cell speed and density during reversible manipulation of the liquid bulge formation 
in panel A (Movie S6). In the phase trajectories, red dot represents the initial state at the beginning of violet light illumination when liquid bulges were present 
(Time = 0.3 s); green dot represents the state at the end of violet light illumination, at which time liquid bulges had completely dispersed (Time = 24.3 s); blue dot 
represents the state when bulges re-formed due to motility recovery (Time = 49.8 s). Dash lines are a portion of the blue line in panel B (i.e., the fitted speed–
density relation for monolayered regions that coexist with liquid bulges). (E) Darkfield microscopy images corresponding to the three color-labeled points of the 
phase trajectories in panel D. The brightness in these grayscale images is proportional to surface-packing density of cells, thus brighter domains in the images 
represent the liquid bulges. (Scale bar, 300 μm.)
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formation (Fig. 3 D, Right panel; from green to blue point). 
Furthermore, we found that de novo bulge formation can be initi­
ated by increasing the surface-packing density of cells in a monolay­
ered region without bulges while decreasing cell speed (SI Appendix, 
Fig. S7 and Movie S7). The motion pattern of cells inside and 
outside bulges formed this way was similar to that associated with 
naturally developed liquid bulges (SI Appendix, Fig. S8). These 
results support the notion that the speed–density relation meas­
ured in monolayered regions sets the motility or density threshold 
for liquid bulge formation. They also demonstrate the feasibility 
of reversible manipulation of self-assembled liquid bulges in bac­
terial swarms guided by the quantitative insight from the speed–
density relation.

Expedited Biofilm Formation in Bulging Areas Results from the 
Enrichment of Immotile Cells. Having elucidated the driving 
factors of bulge formation, we next sought to understand why 
liquid bulges are more prone to biofilm transition. Immotile 
cells with deactivated flagellar motility naturally arise in a swarm 
due to cell–cell variability of motility (42, 43) or due to the 
genetic program of motile-to-sessile transition (23, 24, 45, 46). 
With ~20% higher surface-packing cell density, liquid bulges 
are expected to contain higher surface density of pre-existing 
immotile cells that have naturally arisen in a swarm; could this 
fact account for the higher propensity of biofilm transition in the 
bulging areas? To address this question, ideally, we would need 
to track the population distribution of immotile cells inside and 
outside liquid bulges. However, we lack appropriate reporters of 
immotile cells that are sufficiently bright for single-cell tracking 
or population density quantification in swarms (note that the 
biofilm state reporters PtapA-gfp and PepsA-gfp we used above are 
very dim and can only detect chained cells that are already in 
a biofilm state). Instead, we use passive microspheres of a size 
comparable to cells (diameter ~1 µm) to imitate immotile cells in 
the swarm and track the motion and spatial distribution of these 
microspheres (Methods).

We deposited passive microspheres in a lawn of the swarm prior 
to liquid bulge formation and then followed the position of these 
microspheres when liquid bulges emerged. Unexpectedly, we found 
that the density of passive microspheres inside liquid bulges kept 
increasing (Fig. 4A, red line; Movie S8); meanwhile, the density 
outside liquid bulges was slowly decreasing (Fig. 4A, blue line). This 
result shows that the ratio between microsphere densities inside and 
outside bulges is not constant but keeps increasing, which is in stark 

contrast to the constant ratio of overall surface-packing densities 
of cells. To explain the enrichment of passive microspheres inside 
the bulges, we measured the mean speed of microspheres and 
found that the speed inside bulges is ~20% lower than outside 
(~37 μm/s vs. ~46 μm/s) (Fig. 4B); meanwhile, the persistence 
time of microspheres calculated from velocity autocorrelation 
functions (VACFs) is ~33% lower (~0.08 s vs. ~0.12 s) (Fig. 4C). 
As a result, the diffusivity of microspheres is ~53% lower inside 
bulges than outside (~84 μm2/s vs. ~178 μm2/s) (Methods). These 
results reveal a diffusion-trapping mechanism for microspheres: 
the diffusivity difference of passive microspheres results in unbal­
anced particle fluxes into and out of liquid bulges, which in turn 
would lead to a persistent increase in the surface-packing density 
of passive particles in liquid bulges until the particle fluxes are 
balanced.

Taken together, our results based on the motion pattern analysis 
of passive particles in experiments suggest that pre-existing immotile 
cells tend to get enriched in liquid bulges via a similar diffusion- 
trapping mechanism as for passive microspheres, which increases the 
propensity of biofilm development in liquid bulges. Moreover, as 
the progenies of immotile cells would be less diffusive in liquid bulges 
than elsewhere, the enrichment of immotile cells may also trigger 
positive feedback that expedites colony biofilm development.

Active Brownian Particle Simulation Recapitulates the Essential 
Dynamics during Bulge Formation. To further understand the 
dynamics of liquid bulges, we developed an active Brownian 
particle model (64) (Methods). Briefly, rod-shaped cells in the 
model are represented as self-propelled disk chains moving 
in a quasi-2D space (65) (Fig.  5A). The center positions and 
orientations of the rod-like particles follow overdamped Langevin 
dynamics, and the motion is locally coupled due to intercellular 
steric interactions. In reality, when local activity-induced pressure 
is beyond a certain threshold set by the surface tension of the 
swarm fluid film (see the scaling analysis in Methods), the swarm 
fluid film could form stable liquid bulges where cells are able to 
overlap with each other. In our computational model, this scenario 
is translated to a key assumption that, when local activity-induced 
pressure in an area is beyond a certain threshold, the area will be 
considered as a liquid bulge and the strength of steric interaction 
in the area will be lowered (Fig. 5 A, Inset and Methods); such a 
phenomenological treatment accounts for cell–cell overlapping 
in liquid bulges while avoiding the complication of modeling the 
geometry of the deformable liquid–air interface (66–68).
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Fig. 4.   Enrichment of passive particles toward liquid bulges. (A) Surface-packing density of microspheres in bulge area (red) and monolayered regions (blue) 
plotted against time in a B. subtilis swarm. (B) Mean speed of microspheres inside (red line) and outside (blue line) liquid bulges plotted against time. The shaded 
area around each line represents the SD of microsphere speed inside (red) and outside (blue) liquid bulges. Data in panels A and B was from a representative 
experiment (three biological replicates). (C) VACFs of microsphere that remained inside and outside the liquid bulges computed based on single-particle 
trajectories. Solid lines are exponential fits to the VACFs [blue: outside liquid bulges, VACFout ~ exp(−t/0.12), persistence time τout = 0.12 ± 0.01 s; red: inside liquid 
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Numerical simulations of the model recapitulate the essential 
dynamics during bulge formation. With the total cell number held 
constant, we find that the fraction of bulging area increases with cell 
motility (Fig. 5B and Movie S9), similar to the experimental phe­
nomenon observed during cell speed increase (Fig. 3A). Importantly, 
a negative quasilinear relation between surface-packing cell density 
and self-propulsion speed (v0) is reproduced and in agreement with 
experimental results in Fig. 3C, with the ratio between the surface- 
packing densities inside and outside the bulging area remaining nearly 
constant regardless of v0 (Fig. 5C and SI Appendix, Fig. S9). The 
consistency between simulation and experiment suggests that the speed–  
density relation measured in experiment is rooted at the inverse rela­
tionship between cell speed and surface-packing cell density for a 
given bulge-forming threshold of activity-induced pressure (Methods 
and SI Appendix, Fig. S10).

Finally, we study the spatial dynamics of immotile cells in the 
swarm by turning off the activity of a small fraction of cells in the 
model. In agreement with the experimental result of passive micro­
spheres as shown in Fig. 4, we find that the modeled immotile 
cells are enriched toward the bulging areas (Fig. 5D). During the 
enrichment of immotile cells, we observe a similar difference in 
surface-packing density (Fig. 5D) and a ~40% difference in dif­
fusivity between immotile cells inside and outside the bulging 

area (SI Appendix, Fig. S11). While immotile cells in a swarm fluid 
film experience both steric and hydrodynamic interactions with 
motile cells, our simulation results suggest that purely steric inter­
action between cells can lead to enrichment or diffusion-trapping 
of immotile cells in the bulging areas.

Discussion

In this work, we studied the mechanism and the biological func­
tion of active interface bulging in B. subtilis swarms. Combining 
multimode imaging, single-cell tracking, and numerical simu­
lations, we showed that active interface bulging promotes bio­
film formation at air–solid interface presumably via segregation 
and enrichment of sessile cells in the bulging area. In particular, 
the diffusivity of passive particles is ~50% lower inside the bulg­
ing area than elsewhere, which enables a diffusion-trapping 
mechanism and may account for the enrichment of sessile cells. 
We also uncovered a quasilinear relation between cell speed and 
surface-packing density that underlies the process of active inter­
face bulging. Guided by the speed–density relation, we demon­
strated reversible formation of liquid bulges by manipulating 
the speed and local density of cells with light. Taken together, 
our findings reveal a unique physical mechanism of biofilm 
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illustration of the active Brownian particle model, which consists of self-propelled rods moving in a quasi-2D space. A bulge area (yellow) develops in the middle 
of a monolayered region (dark blue). The rectangular box highlights two interacting self-propelled rods moving at a constant active speed v
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view shows that the rods i and j are represented as chains of disk with diameter d. The center positions of rods i and j are r
i
  and r

j
  . The interaction forces f

ij
  

and f
ji
  (acting on rod i and j, respectively) changes the center positions of rods and the torques T

ij
 (or T

ji
 ) changes the orientation of rods (Methods). (B) Area 

fraction of bulges as a function of active speed v
0
 ranging from 1 to 5. Error bars represent SD (N = 10 simulation runs). (C) Relation between active speed v

0
 and 

normalized particle number density for monolayered regions (blue) and for the coexisting bulges (red) in the simulation. Lines are least-squares linear fits to 
the data (R2 = 0.97 for blue line and 0.90 for red line). Error bars represent SD (N = 10 simulation runs). (D) Surface-packing density of modeled immotile cells 
in bulge area (red) and monolayered regions (blue) plotted against time at v

0
= 2 in active Brownian particle simulations. Solid lines and shaded areas denote 

the mean and SD, respectively (N = 16 simulation runs). The simulations started with all the particles being active, and 5% of the particles were set as passive 
starting at T = 30,000 time steps.
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formation at air–solid interface and driven self-assembly in 
active fluids.

The liquid bulges are likely initiated by nonequilibrium density 
fluctuations (Fig. 3A) (58–60), and they develop due to the increase 
of surface energy supported by activity-induced pressure. The liquid 
bulges we report here are distinct from those spatial patterns in bac­
terial swarms driven by nucleation of immotile cells (31) or by a 
mechanism reminiscent of MIPS (30), although all of these mecha­
nisms yield high-density domains with dynamic and fluctuating 
boundaries. First of all, liquid bulges consist of almost equally motile 
cells compared to elsewhere and the liquid bulge formation does not 
require the presence of pre-existing immotile cells. By contrast, cells 
in dynamic clusters driven by the nucleation of immotile cells had a 
much lower speed than those outside the clusters (~80% speed reduc­
tion) (31), and the motility of cells in the MIPS-like clusters is also 
significantly lower than elsewhere due to density-dependent self- 
trapping (30). Second, liquid bulges have a constant (~20%) differ­
ence in surface-packing cell density compared to elsewhere, while the 
surface-packing density in clusters formed by nucleation of immotile 
cells or by MIPS-like process continuously increased. Finally, the 
route of further transition to sessile biofilm state is likely different. 
In our case, the transition from liquid bulges to sessile biofilm state 
is suggested to be seeded by the enrichment of sessile cells from sur­
roundings via the unique mechanism of diffusion-trapping. Under 
our laboratory settings, the MIPS-like clusters were reproduced in 
swarms with higher cell densities and lower cell speeds, which may 
fall into the “dry” active matter regime where fluid flows and hydro­
dynamic interactions became irrelevant (69). However, in our case, 
the system is a “wet” active matter system, and the hydrodynamic 
interaction between cells and the deformable air–liquid interface is 
essential for second-layer formation. This property sets our system 
apart from the dry active matter systems, including myxobacteria 
colonies (70) and bacterial colonies grown in hard confinement 
(e.g., the interstitial space between an agar pad and a glass slide) 
(66). Note that these bacterial systems are dry only from the active 
matter perspective. In reality, all living cells must be residing in a 
fluidic milieu, and the fluidic nature of cell’s environment could 
play important roles even in the absence of hydrodynamic flow. For 
example, it was recently reported that myxobacteria cells accelerate 
when meeting the menisci of colloidal particles deposited on an agar 
surface, suggesting a role of capillary attraction in their gliding 
motility (71).

Under our experimental conditions (0.6 to 0.8% Luria Broth 
agar), while the bulge regions transit into biofilm state earlier, other 
regions of the colony eventually enter the biofilm state as well. We 
did not see wrinkle structures often observed in B. subtilis colony 
biofilms grown on hard agar surface (e.g., 1.5% agar infused with 
MSgg medium like that used in ref. 72), presumably due to the dif­
ference in surface adhesion (73, 74) or in cell death patterns (72) on 
substrates with different agar concentrations or different growth 
media. Nonetheless, we monitored the longer-term evolution of our 
colony biofilms and found an intriguing role of liquid bulges: A 
large-scale pattern of parallel ridges with high cell densities emerged 
in mature colony biofilms, and the position of these ridges lied in 
between the stripe-shaped bulges that existed earlier in the colony 
(SI Appendix, Fig. S12). After the striped bulges transited into biofilm 
state, the striped biofilms expanded laterally; the formation of those 
high-density ridges followed the lateral expansion of the striped bio­
films. We speculate that the mechanical stress during lateral expansion 
of striped biofilms would compress the cell layer in between, which 
then buckled and rose upward to form the ridges. This phenomenon 
may deserve further study, as it links interface bulging to the devel­
opment of large-scale colony biofilm structures.

The phenomenon of active interface bulging and the underlying 
mechanism reported in this study hold in generic terms, only requir­
ing bacterial motility, a low interface tension, and a high volume 
density of cells (to enable sufficiently strong active stress and density 
fluctuations). Given the widespread flagellar motility and surfactant 
biosynthesis pathways (75) in the microbial world, we expect that 
active interface bulging is relevant to surface-associated bacterial 
colonization in many environmental and clinical settings (1, 2), such 
as on the surface of fresh plant produce (76) and plant roots (54). 
Motile and sessile populations often coexist in bacterial communities. 
In complex and fluctuating environments, the transition between 
the two states may confer certain growth advantage to the popula­
tion: Cells in sessile state are in general more tolerant to unexpected 
environmental stresses (77, 78), while cells in motile state can explore 
more space and proliferate faster. Thus, the motile-to-sessile transi­
tion promoted by active interface bulging could potentially serve as 
a part of a bet-hedging strategy that enhances the adaptability of 
both in vitro and in vivo surface-associated bacterial communities 
(24, 42, 43, 79–82).

The ability to control biofilm patterns is essential for engineering 
bacterial living materials with desired functionalities (32–34). Infor­
med by our study, we envisage that manipulation of cell motility and 
surface-packing density by either physical stimuli (e.g., light) or 
genetic control (83) may serve as a general means for biofilm pat­
terning at air–solid interface via liquid bulge formation. Moreover, 
our results show that the liquid bulges present a physical environ­
ment that tends to segregate passive particles from surroundings; the 
segregation is driven by unbalanced particle fluxes due to the differ­
ential diffusivity inside and outside the bulges. As such, manipulating 
liquid bulge formation enables phase separation or segregation in 
binary mixtures that consist of passive particles and an active matter 
bath, providing a unique approach for directed self-assembly of 
microscopic structures (35, 36) at interfaces.

Methods

The bacterial strains used in this study are listed in SI Appendix, Table S2. To pre-
pare bacterial swarms, single-colony isolates were grown overnight (~10 to 12 h) 
with gyration at 180 rpm in LB broth (1% Bacto tryptone, 0.5% yeast extract, and 
0.5% NaCl) at 30 °C. Then, 10 mL swarm agar (0.6% or 0.8% Bacto-Difco agar 
infused with 1% Bacto tryptone, 0.5% Yeast Extract, and 0.5% NaCl) was melted 
in a microwave oven and poured to a polystyrene Petri dish (90 mm diameter, 
15 mm height). The plates were placed inside a Plexiglas box with the lid off for 
10 min. After that, 1 to 2.5 μL diluted overnight culture (OD600 ~ 1) were inoculated 
at 1.5 cm from the edge of the plate. Swarm plates were incubated at 30 °C and 
~50% relative humidity for 6 to 7 h before imaging. The wetness of agar surface is 
a key factor for the formation of liquid bulges. For characterization of cell density, 
the membrane stain FM4-64 (Life Technologies, Cat. No. T13320) dissolved in 
deionized water was added at a final concentration of 1.0 μg/mL into the molten 
agar before it was poured into Petri dishes. The detailed methods of imaging, 
image processing, data analysis, and Active Brownian Dynamics modeling are 
described in SI Appendix, SI Methods.

Data, Materials, and Software Availability. All study data are included in the 
article and/or supporting information.
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